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Animals have trillions of microorganisms living in or on many body sites, these
communities of microorganisms are called microbiomes. Microbiomes are typically host-specific,
and a lot of information about the host can be determined from investigating them. Microbiome
research has many real-world applications, and this thesis utilizes the One Health perspective,
which acknowledges the connection of humans, animals, and environments, and emphasizes the
need for collaborative, interdisciplinary research.
The first interdisciplinary project is an investigation into the bacteria in wild and cultured
Atlantic deep-sea scallop, Placopecten magellanicus larvae. Adults in hatcheries can be induced
to spawn, but the last two weeks of the larval maturation phase are plagued by massive animal
death. The reasons for this are unknown, but research into other scallop and aquaculture species
point to loss from bacterial infections and altered functionality of host- associated microbial
communities. This pilot study used 16S rDNA sequencing to identify bacterial communities in
wild larvae, cultured larvae, and tank biofilms. Tank biofilms were also cultured for the presence
of common aquatic pathogenic Vibrio species of bacteria using selective media. We assessed the
similarities between bacteria associated with these three sample types, to determine the role of

environmental microbes in establishing a microbial community in scallop larvae. These results,
along with future work, will be able to inform the hatcheries on methods that will hopefully
increase the larval survival in these facilities.
The second chapter of the thesis reviews Cryptosporidium species of protozoa.
Cryptosporidium spp. are apicomplexan parasites responsible for cryptosporidiosis, the leading
cause of diarrheal-related death in young children and neonatal calves (Bos taurus).
Cryptosporidium parvum is the most common zoonotic species that infects livestock and humans,
but dozens of species have been identified. The detection of oocysts has historically relied on
microscopy and molecular identification, but these can be hampered by the difficulty of processing
the sample substrate or a lack of species or strain resolution. Further, Cryptosporidium is difficult
to maintain in culture for in-depth study. Because of its ubiquity in the environment, range of host
species, and ease of transmission, eradication of the disease in livestock is unlikely. Consequently,
understanding the modes of transmission, risk of infection, treatments, and research methods is
essential to understanding the ecology of the protozoa to prevent outbreaks.
The goal of this research is to emphasize the importance of exploring the relationships
between animals, humans, and the environment, and microbes, host, and environment, as well as
the need for collaboration to accomplish these types of interdisciplinary research projects. The
scallop study focuses on connecting microbes to the host and the environment, and without
collaborations from the scallop industry, we would not be able to apply our research to real-world
problems. The Cryptosporidium review emphasizes the lack of research and knowledge to be able
to minimize risk of outbreaks, and collaboration with farmers and other agriculture workers is
needed to do this research as well as to implement disease prevention strategies.
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CHAPTER 1
BACTERIA IN TANK BIOFILMS AND THEIR RELATION TO BACTERIAL
COMMUNITIES ASSOCIATED WITH SEA SCALLOP, PLACOPECTEN
MAGELLANICUS, LARVAE IN A HATCHERY SYSTEM.
1.1. Abstract
Atlantic deep-sea scallops, Placopecten magellanicus, are an economically important
species along the northeastern coast of North America, with wild catch landings generating
millions of dollars per participating region. Wild caught adults and juvenile spat may be cultured
in aquaculture facilities, and adults can be induced to spawn successfully. However, last two weeks
of the larval maturation phase are plagued by massive animal death, going from 60 million scallop
larvae down to a handful of individuals in a span of 48 hours. The reasons for sea scallop larvae
death remain unknown, but research into other scallop- and aquaculture-species point to animal
loss from bacterial infections as well as from altered functionality of microbial communities which
associate with the host. While infections in sea scallops have been studied, no study of wild or
hatchery sea scallop microbial populations, or of biofilms growing in hatchery tanks has previously
been reported. To determine bacterial communities in veliger-stage wild larvae, hatchery larvae,
and tank biofilms, 16s rDNA sequencing was done. Tank biofilms were also cultured for the
presence of common aquatic Vibrio species using selective media, as they commonly are attributed
to disease in shellfish. Hatchery larvae had lower bacterial richness than the wild larvae and tank
biofilms. Hatchery larvae had a similar bacterial community to both wild larvae and tank biofilms
based on clustering, but sample type was significant for community clustering (ANOVA, F =
94.901, p < 2.2e-16). Wild larvae bacterial communities frequently contained Pseudomonas which
could have an antagonistic relationship with Vibrio (11 of 20 samples). Many of the biofilms that
1

were cultured onto plates contained Vibrio, although species level identification was not possible,
there appears to be at least two major species in the biofilms, reoccurring in the tanks. These results
along with future work, will be able to inform the hatcheries on methods that will hopefully
increase the larval survival in these facilities.

1.2. Introduction
Scallops (Fig. 1a,b) are a diverse animal group of marine bivalve mollusks (family Pectinidae)
with global distribution in coastal waters. Bivalves have a hinged hard shell (Wang et al., 2017),
and juveniles and adults (Fig 1a) with developed shells and adductor muscles can use shell
movements and water pressure to move, though adults tend to be sessile once attached to a surface.
Scallops are broadcast spawners, meaning that they release their eggs and sperm into the water
column to fertilize. Once fertilized, the eggs become larvae (Fig. 1b) and go through planktonic
trochophore and veliger stages, in which they are at the mercy of ocean currents. Veliger stages
typically last ~40 days, after which the larvae recruit together using spun mucus mats and sink to
the bottom and are called “spat” (Culliney, 1974; Truesdell, 2014). Spat is the beginning of the
juvenile phase (<15 mm) and then it will take approximately 3-5 years to mature into harvestable
adults (Hart and Chute, 2004).
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Figure 1. Atlantic sea scallops. A. Male (left) and female

B. 20-day-old sea scallop

(right) Atlantic Sea scallop, fully mature after 35 days of

larvae, ~100 microns. Credit:

conditioning. Credit: Downeast Institute, Beals, Maine.

Bowden Lab.

Atlantic deep-sea scallops, Placopecten magellanicus, are found along the eastern coast of
the United States and Canada where they have long been a source of food and economic
opportunity (The Centre for Indigenous Peoples’ Nutrition and Environment (CINE), 2017;
Tremblay et al., 2020). Wild populations of scallops are currently at an increased risk of decline
because of climate change (Marushka et al., 2019; Rheuban et al., 2018), and on top of natural
variation in scallop populations, this makes the industry financially vulnerable (Coleman et al.,
2021; rbouvier Consulting, 2019). Sea scallops are an extremely fecund species, with up to 270
million eggs per spawn (Langton et al., 1987), which typically occurs in the later summer and early
fall, August - October, but they can spawn multiple times per year under specific conditions (Bayer
et al., 2019; Thompson et al., 2014). Their reproductive potential and industry demand make
scallops a prime target for hatchery and aquaculture based production, and this has been
successfully achieved in some scallop species, such as bay scallops, and have been used to restock
wild populations in decline (Tettelbach et al., 2002). Hatcheries do collect wild sea scallop adults

3

and successfully spawn them in their facilities in hopes of forming a plentiful population to grow
to adulthood, spawn, and sell to create a sustainable production cycle while also reducing
disruption to the scallops’ natural habitat. Unfortunately, in sea scallop hatcheries, the last two
weeks of the larval maturation phase, veliger-stage (Fig. 1b), is plagued by massive animal death,
going from 60 million scallop larvae down to a handful of individuals in a span of 48 hours (Beal,
2014). This drastic winnowing of larvae reduces the availability of cultured sea scallop spat for
farmers, forcing scallop farms to rely almost exclusively on scallop spat collected from wild
populations for stock.
While the cause of hatchery larval die-off is not known, evidence suggests that it is not
caused by inadequate diet or atmospheric pressure in aquaculture facilities compared to wild
conditions (Culliney, 1974; Gouda et al., 2006; Pernet and Tremblay, 2004; Robinson et al., 2016).
Infections in farmed scallop populations are common (Leibovitz et al., 2009) and other cultured
scallop species are known to suffer animal loss from bacterial infections, including from several
bacterial species of Vibrio (Lambert et al., 1998; Leibovitz et al., 2009; Muñoz et al., 2019; Nicolas
et al., 1996; Riquelme et al., 1996; Yu et al., 2019) and Aeromonas (De Silva et al., 2019; Riquelme
et al., 1996). Vibrio, in particular, can be devastating to commercial scallop production (Rojas et
al., 2019), as it is opportunistic and may escape induction control protocols by living intracellularly
in scallops.
The nature of filter feeding exposes animal tissues to a broad and random variety of
microorganisms dispersed in food particles and water, some of which could have either a protective
role or pathogenic role. Scallops are suspension filter feeders, which consume food by filtering
water through their specialized tissues, or gills, and are able to trap plankton and other food
particles in mucus (Hart and Chute, 2004). Once trapped in mucus, the scallop moves the food
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particles towards the mouth using cilia on host tissues. Particles collected into a larger bolus may
be passed to the stomach, as they have a segmented organ system, and eventually digesta is passed
as feces. Alternatively, a bolus may be rejected and released before digestion as “pseudofeces”.
Very little is known about the microbes which associate with different scallop species, or about
the ecological, environmental, or host factor which govern microbial community assembly,
community structure, and function.
Further, scallops lack an adaptive immune system and rely on innate mechanisms to
maintain homeostasis against the microorganisms they encounter in sea water, surfaces, and feed
(Grayfer et al., 2020; Song et al., 2015). These innate mechanisms include a complex combination
of mucus production, phagocytosis, and the production of various cytokines for cell signaling to
coordinate host responses (Song et al., 2015). Disease dynamics in wild scallops are still poorly
understood and offer only suggestions of polymicrobial infections and complex etiological factors
of disease (Belvin et al., 2008). Large-scale mortality in various wild scallop species is presumably
caused by bacterial infections, though for many events a causative agent was only putatively
assigned (Belvin et al., 2008; Gulka et al., 1983; Gulka and Chang, 1985; Le Gall et al., 1991;
Leibovitz et al., 2009; Stokesbury et al., 2007). This hesitancy is partly due to the complexity of
tracking infectious disease in wild animal and marine populations, especially without pre-event
health monitoring. There is also a lack of understanding of the host-associated microbial
community in scallops and whether environmental bacterial species are pathogenic or simply
opportunistic.
To date, there have been no previously published data on the microbial community associated
with wild or farmed Atlantic deep-sea scallops, Placopecten magellanicus. In general, there are
relatively few studies that explore the microbial community of scallops with reported distinctions
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in the microbial community based on scallop species (Liu et al., 2020), anatomical organ sampled
(Ma et al., 2019), and health status (Muñoz et al., 2019; Yu et al., 2019). In other animals, it is
known that host species plays a crucial role in forming the host-associated microbiome, even
among closely related species (Kohl, 2020; Lim and Bordenstein, 2020), although the environment
may play a more important role than host species in acquiring microbes by marine larvae (Boscaro
et al., 2022).
It has also been demonstrated in shrimp facilities that maintaining a functional microbiome is
critical to the success of production (Rajeev et al., 2021). To understand how and why the sudden
larval die offs occur in sea scallop hatcheries, it is important to understand the dynamics of how
and when this microbial community forms during larval development, and where larvae-associated
bacteria are sourced from. In particular, it is important to know if bacteria associated with tank
surfaces are sources. Microbial biofilms on tank surfaces are present in almost all aquaculture
settings and can be sourced from bacteria inhabiting the ocean water used in the hatchery system,
the animals themselves, feed, air, and hatchery personnel. Generally, biofilms in hatcheries may
survive tank water changing and cleaning and may offer protection to potentially pathogenic
bacteria (Bourne et al., 2004; Qian et al., 2007).
Biofilms can appear on scallop hatchery tank surfaces within 24 hours, and production
facilities in Maine perform routine screening for the presence of Vibrio spp. in them (Beal, pers.
comm.). Previous culturing and genetic identification from these biofilms at the Downeast Institute
(Beals, Maine), suggests a species of Pseudoalteromonas (Bowden and Perry, pers. comm.),
known biofilm formers which outcompete or inhibit other microorganisms. Yet, there are 120
known species of Pseudoalteromonas, and many of these beneficially associate with marine hosts
and allow for the regulation of a host-associated microbiome. It is vital that the possible presence
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of Vibrio species in the biofilms is investigated as many are pathogenic to shellfish. Vibrio species
are autochthonous in aquatic and marine environments, live freely in surface waters, and are a
primary pathogen to many marine animals (Liu et al., 2013; Onohuean et al., 2022). Vibrio species
are well known to cause high mortality in farmed larvae and juveniles, but are commonly
opportunistic, causing mortalities in summer, but transform into normal bacteria or even a viable,
but non-culturable (VBNC) state when they are present in temperatures below 10℃ (Liu et al.,
2013). Vibrio species that are potentially pathogenic include, but are not limited to: V. anguillarum,
V. cholerae, V. parahaemolyticus, V. alginolyticus, V. vulnificus, and V. harveyi (Onohuean et al.,
2022). It is crucial that we identify the dynamics of biofilm formation, including the assembly of
that community, and the bacteria involved, in order to develop future therapeutics.
In this pilot study, we collaborated with the Downeast Institute, Mook Sea Farms (Walpole,
Maine), and the Darling Marine Center (South Bristol, Maine), to collect wild larvae, cultured
larvae from hatcheries, and biofilm samples, to better understand the microbial dynamics in
hatcheries and scallops. We hypothesized that the formation of bacterial communities in larval and
juvenile tanks and animals does not mimic that of wild scallop microbiomes and that microbiome
optimization will improve Placopecten magellanicus larvae survival in hatchery production. Our
first objective was to identify the microbial community member(s) involved in biofilms, and to
determine if there is a difference in bacterial communities in the biofilms between static and flow
through tanks and before and after cleaning cycles. Our second objective was to identify the
microbial community present in wild scallop larvae, on tank surfaces, and in hatchery scallop
larvae, and assess the contribution of bacteria from tank sources to larval sinks. The long-term goal
of this research is to standardize management practices to support beneficial microbiome assembly
to improve animal health, and thereby enhance the success of cultured scallop production and
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overall aquaculture industry. The results of this study will give insight and much needed answers
to many questions about the host-associated microbial community in scallops, to be able to have
more successful hatcheries, such as: what does the typical scallop larvae bacterial community look
like, if they have one, how it develops throughout different life stages, how it assembles, is genetics
or the environment a stronger driving factor, how do the bacterial communities in wild larvae differ
from hatchery larvae, what does the bacterial community in the biofilms look like, and how does
the biofilm bacterial community interact with the scallops microbial community.
1.3 Materials and Methods

Figure 2. Tank design. There were two larval tanks, both were static-water tanks until day 10 of
larval development and then one was switched to be a flow-through tank which constantly filters
and recirculates. All tanks were drained and cleaned every 48 hours.
8

1.3.1 Experimental Design
Following typical production protocols which mimic industry standards, the larval
development tanks are a static system for the first 10 days of life, at which point are large enough
to be retained on water filters, larvae tanks either stayed static or were transformed into flowthrough tanks for the next stages of development (Fig. 2). Previous studies revealed that scallop
larvae settlement is highest and most dispersed at no to low speeds of water turbulence (Pearce et
al., 1998). Aside from water movement in the tanks, all other environmental and management
parameters were the same between the static and flow-through tanks.

Figure 3. Experimental design. Veliger-stage scallop larvae were obtained from the hatchery
tanks and from the wild. Swabs of the biofilm were used to streak TCBS plates, and the swabs
were also used as samples. DNA extraction and 16S rDNA sequencing was done on wild veligers,
hatchery veligers and biofilm swabs. The TCBS plates were used to isolate colonies for future
whole genome sequencing.
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Throughout the experiment for the purpose of mitigating biofilm growth, every 48 hours,
larvae are removed from all tanks with fine filtering, water is completely drained out, the tanks are
cleaned with soap, water, and a low concentration bleach solution, and larvae are replaced into the
water. Three individual swabs were used to collect samples from three distinct areas of biofilm on
the bottom of each tank, treating each tank as an ecosystem rather than one experimental unit, or
replicate, making each swab spatially different as we do not know if each location in the tank that
was swabbed will have the same bacteria on them (Fig. 2). Swabs were taken after the water was
drained but prior to cleaning, and of the tank surface after cleaning and refilling the tanks.
Additional swabs were collected from broodstock tanks of adult scallops at the beginning of the
trial.

1.3.2 Isolate culturing
After collection, swabs of biofilms at the Downeast Institute (DEI; Beals, Maine), Mook Sea
Farms (Walpole, Maine), and Darling Marine Center (South Bristol, Maine) were immediately
used to culture selected bacteria on thiosulfate-citrate-bile salts-sucrose (TCBS) agar as part of
their routine pathogen screening (Fig. 3). The bacterial growth from those plates were isolated on
new TCBS plates to isolate species. When single colonies formed, they were transferred to 1.5mL
centrifuge tubes with 1mL of alkaline peptone water (APW) media. Once growth was seen in the
APW media, the samples were transferred to a new 1.5 mL centrifuge tube in a 1:1 ratio with 80%
glycerol to be stored at -80°C until DNA extraction and sequencing.
Visual identification and bacterial morphology were done on the isolates that grew on TCBS
plates after isolation as bacteria may appear different when grown on plates with competing
bacteria. Websites used for aid in describing the bacteria and identifying the putative Vibrio species
include microbiologyinfo.com, microbiologysociety.org, and microbeonline.com.
10

1.3.3. Bacterial community sequencing
After being used on initial culture plates, the biofilm swabs from DEI were preserved for
bacterial community sequencing. The swab tips were snapped off into 2 ml tubes, immersed in
phosphate-buffered solution (PBS, pH = 8.0), and then stored at -20°C until transport to the
University of Maine (Orono, Maine) for DNA extraction and sequencing. The swabs were
vortexed for 60 seconds, before DNA extraction, to release the bacteria from the swab.
To examine the bacterial communities in hatchery D-stage veligers, larvae were collected
from tanks into four 2-ml tubes (> 20 larvae per tube) and preserved with 70% ethanol at room
temperature until transport to the University of Maine in Orono. To complement the Downeast
Institute samples, we obtained wild veliger samples which had been previously collected off the
coast of Southern Maine in Cape Elizabeth, Maine (43°29'25.4"N, 70°11'59.5"W) over the course
of four weeks in fall of 2018 (Haskell et al., 2019). Wild veliger samples were stored in 70%
ethanol until processing. The sample size for hatchery larvae was 20 and the sample size for wild
larvae was 4. Bivalve larvae identity was confirmed with a P. magellanicus specific PCR assay
(Bayer et al., 2019).
Negative controls were also swabbed to use as comparison and to remove possible
contaminants during the data processing steps. These included samples of ethanol that were used
to collect and preserve wild veliger samples at each of the four dates, ethanol or ultra-pure water
used in the laboratory.
Bulk DNA was extracted from veligers, swabs from tank surfaces, or no-template (water)
control samples (Fig. 3) (one from each extraction batch) using commercially available kits
optimized for water and tissue-based microbial communities (Qiagen Powersoil kit for veligers
and Zymo Genomic DNA & Concentrator kit for biofilm swabs), and some aliquots archived.
11

DNA extract was roughly quantified and purity-checked with a Nanodrop spectrophotometer.
Samples underwent DNA amplicon sequencing of the 16S rRNA gene V3-V4 region, using
primers 341F (Fadrosh et al., 2014) and 806R (Caporaso et al., 2011) and protocols consistent with
The Earth Microbiome Project (“The Earth Microbiome Project,” 2011), and sequenced on an
Illumina MiSeq platform (Fig. 3) using the 2 x 300-nt V3 kit (Molecular Research Labs,
Clearwater, TX). Raw sequence data (fastq files and metadata) are publicly available from the
NCBI Sequence Read Archive (SRA) under Accession and BioProject (pending).
Amplicon sequence data was processed using previously curated workflows, for example;
(Ishaq et al., 2020, 2019; Yeoman et al., 2018), which used the DADA2 pipeline ver. 1.22
(“DADA2 Pipeline Tutorial (1.4),” n.d.) in the R software environment ver. 4.1.1 (RCoreTeam,
2020). The dataset started with 28,128,268 raw reads. Trimming parameters were designated based
on visual assessment of the aggregated quality scores at each base from all samples
(plotQualityProfile in DADA2): the first and last 10 bases were trimmed, and sequences were
discarded if they had ambiguous bases, more than two errors, or matching the phi X genome (used
as sequencing positive control). After filtering, 21,759,650 paired non-unique reads remained.
The DADA algorithm was used to estimate the error rates for the sequencing run,
dereplicate the reads, pick sequence variants (SVs) which represent ‘microbial individuals’, and
remove chimeric artifacts from the sequence table. Taxonomy was assigned using the Silva
taxonomic training data version 138.1 (Pruesse et al., 2007) and reads matching chloroplasts and
mitochondria taxa were removed using the dplyr package (Wickham et al., 2015). No-template
control samples were used to remove contaminating sequences from the samples by extraction
batch (Ishaq, 2017). The sequence table, taxonomy, and metadata were combined using the
phyloseq package (McMurdie and Holmes, 2013) to facilitate statistical analysis and visualization,
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representing 126 samples and 30,638 taxa from 3,708,145 remaining unique sequences. Due to the
large variability in sequences per sample which passed quality assurance parameters (range 42 194,682 sequences/sample), and the knowledge that some sample types would contain much lower
microbial diversity than others, the data were rarefied (Cameron et al., 2021; Weiss et al., 2017)
to 2,988 sequences/sample which was chosen as the cutoff to include all aquaculture veliger
samples. A total of 112 samples and SVs were retained.
Normality was checked using a Shapiro-Wilkes test on alpha diversity metrics generated
from rarefied data; observed richness (W = 0.94167, p-value = 9.934e-05) and evenness (W =
0.93813, p-value = 5.849e-05) were not normally distributed, but Shannon diversity was (W =
0.98702, p-value = 0.3571). Linear models were run for comparisons of alpha diversity metrics
using linear models to compare by sample type, and using linear mixed effect models with a sine
and cosine function fitted to time (days of trial) to study the tank samples as these showed a sine
wave-pattern in observed richness (lme4 package (Bates et al., 2015)), in which dirty/clean status
and static/flow-through setup were used as fixed and independent factors, and date sampled was a
random effect. The emmeans package (Lenth et al., 2019) was used to generate pairwise
comparisons of factors in the model, and a t.ratio > 1.96 was considered good. Tukey’s HSD was
used to adjust for multiple comparisons.
Jaccard unweighted similarity was used to calculate sample similarity based on community
membership (species presence/absence) and non-parametric multidimensional scaling (run 20
stress = 0.2241668, stress type 1 weak ties) and tested with permutational analysis of variance
(permANOVA) by using the vegan package (Oksanen et al., 2020). Random forest feature
prediction with permutation was used to identify differentially abundant SVs based on factorial
conditions (Archer, 2020). Core SVs were determined by >0.001% abundance across >70% of the
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24 samples used here. Plots were made using the ggplot2 (Wickham, 2016), ggpubr (Kassambara,
2022), and phyloseq packages.

1.4. Results
1.4.1 Isolate culturing
Vibrio species are commonly misidentified in culture, so we made two distinct categories
based on color (Fig. 4). The majority of bacteria cultured were either yellow or green with a few
outliers, e.g., white, which could be contaminants, or which could be Vibrio (Fig. 5). The green
colonies are most likely to be V. parahaemolyticus, Pseudomonas, or Aeromonas and the yellow
colonies could be V. cholera, V. alginolyticus, V. vulnificus, Proteus spp., or Enterococcus faecalis
(BD, 2003; Aryal, 2022). Generally, the same morphotypes do show up in the same tanks when
sampled on different days and between cleanings (personal observations). Static tanks tend to have
a higher percentage of “yellow” isolates when compared to flow through tanks, although the lack
of tank replication precluded statistical analysis (Table 1). Also, while static tanks seemed to have
a 55/45 percentage of yellow to green isolates, flow through tanks had more of a 50/50 percentage.
Based on the plates that were received directly from the hatcheries, yellow and green
colonies frequently grew on the same plate, though yellow colonies were rarely seen to grow by
themselves, while green colonies could be seen growing in the absence of the yellow colonies.
Further, it was not uncommon for the yellow and green colonies to be growing on top of each
other. Green and yellow colonies were both isolated from TCBS plates on most days, with some
days yielding only yellow colonies (Fig. 5).
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Figure 4. Isolate types by location and collection date. Abundance of green, yellow, and white
colonies sorted by collection date and location. Each column represents the total isolated grown
from the plates received from DEI that were originally streaked on the date shown.

15

Figure 5. Isolate morphotypes. Representation of all of the notable colonies with the
description and image, specifying one example isolate.
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Table 1. Isolate counts. Type of isolates grown on TCBS plates
differentiated by color
Total isolates matching this description Yellow Green
Static

74

40

32

Flow-Through

38

18

19

Larvae

128

70

55

Broodstock

0

0

0

Clean

45

25

20

Dirty

81

44

34

Static and clean
Static and dirty

22
52

12
28

10
22

Flow-through and clean

15

7

8

Flow-through and dirty

23

11

11

1.4.2 Bacterial communities
Bacterial SV richness in hatchery veligers was extremely low and the average richness was
estimated to be 136 SVs lower than average richness found in wild veligers (linear model, estimate
= -159.3 +/- 56.5 Standard Error, degrees of freedom= 109, t.ratio = -2.815, p = 0.0159), and 136
SVs lower than the average richness in tanks (linear model, estimate = -136.5 +/- 52.8 Standard
Error, degrees of freedom = 109, t.ratio = -2.584, p = 0.0296). The wild veliger and tank samples
displayed a wider range of bacterial richness, indicating other trends that we lack resolution to
verify (Fig. 6, Fig. 7). The evenness of bacterial SV abundance across samples, and Shannon
Diversity (richness plus evenness) were not significantly different by sample type. Cleaned tanks
did not have significantly less bacterial richness than tanks after each 48-hour period of hosting
larvae between cleanings (Fig. 7), and flow-through and static tanks did not have different bacterial
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richness means. There were no interactions between these two factors. The observed richness in
tank surface samples fluctuated over the trial, starting low at the beginning and showing two bell
distributions with a 7-day and 12-day period, respectively (Fig. 6). The observed richness
vacillation fit a sine curve distribution model (analysis not shown), and while clean and dirty tanks
did have significantly different richness on several days (modeling data not shown), there was not
enough differentiation between clean and dirty tanks over the trial for significance.

Figure 6. Bacterial richness over time. Observed bacterial richness in wild (brown) or hatchery
(pink) Atlantic Sea scallop veliger-stage larvae, and scallop veliger tank surface biofilms (blue).
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Figure 7. Bacterial richness and Shannon diversity. A) Bacterial richness and B) Shannon
diversity of cultured veligers (pink), wild veligers (brown), dirty hatchery tank biofilms (blue,
left), and clean hatchery tank biofilms (blue, right).
Wild Atlantic Sea scallop veliger-stage larvae contained bacterial communities with a wide
diversity of taxa present, as did tank biofilms (Fig. 8), with the same amount of dispersion in their
beta diversity (betadisp with Tukey Honest Significant Difference (HSD), p > 0.05). Hatchery
veliger-stage larvae bacterial communities clustered more closely together than the other groups
(betadisp with Tukey HSD, p < 0.001 both comparisons). All three sample types had distinct
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clusters of bacterial communities (ANOVA, F = 94.901, p < 2.2e-16), and bacterial communities
from hatchery veliger larvae were similar to some of the wild veliger and some of the tank biofilm
bacterial communities (Fig. 8).

Figure 8. NMDS of bacterial communities. Non-metric multidimensional scaling (NMDS) plot
of bacterial community structure from wild Atlantic Sea scallop veliger-stage larvae, cultured
veliger larvae (pink circles), and tank-associated biofilms (blue triangles). Similarly, calculation
using unweighted Jaccard similarity.
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Figure 9. Core genera wild vs. cultured veligers. Core bacterial SVs identified at the genus
level which are shared by the A) wild Atlantic Sea scallop veliger-stage larvae or by the B)
hatchery veliger larvae. Core SVs were determined by >0.001% abundance across >70% of the
24 samples used here.
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The status of tanks, whether they had been occupied for 48 hours and just drained down or
whether they had just been cleaned and refilled with filtered sea water, was not significantly
different by most metrics (alpha, beta diversity). Nor were there differences seen in the alpha and
beta diversity comparison between static and flow-through style of tanks, although flow-through
tanks were only sampled for 10 days of the trial. Random forest feature prediction was only mildly
accurate at identifying differentially abundant SVs based on a comparison of dirty/clean (accuracy
63.6%, Confidence Interval 52.69 - 73.6, data not shown). It was more accurate identifying taxa
differences between static/flow-through (accuracy 78.4%, Confidence Interval 68.4 - 86.5, data
not shown), however this appeared to be driven by specific samples in each group and not by
overall group trends.

1.4.3 Connection of culturing data to amplicon sequence data
The number of morphotypes observed on TCBS selective media from samples of tank
biofilms did not correlate with overall bacterial richness in the sequence data (analysis not
shown), nor did it correspond to the abundance of sequences identified as Vibrio or other closely
related species which have been known to grow on TCBS media (analysis not shown). However,
Pseudoalteromonas, posited to be an antagonist to Vibrio, was found in most of the tank and
wild veliger samples which contained Vibrio sequences. Pseudoalteromonas was much more
abundant and prevalent in wild veligers and was not found at all in the hatchery veligers (Fig. 9,
Fig. 10). There were some sequences identified as Vibrio in a few of the tank and wild veliger
bacterial community samples (Fig. 10). Pseudomonas, an environmental bacteria which is
typically enriched by human activities, and which is also antagonistic towards Vibrio, was
abundant and prevalent in tanks and in hatchery veligers, but rarely found in wild veligers (Fig.
9, Fig. 10). Notably, Pseudomonas was the most abundant and most prevalently shared SV
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between tank biofilms and hatchery veligers (Fig. 11). Random forest feature prediction
identified 163 SVs which were differentially abundant in one sample type (hatchery or wild
veligers, or tanks) over another (model data not shown), with a model accuracy of 81.2%
(confidence interval 72.78 - 88.0).

Figure 10. Core genera abundance. Levels of the core bacteria genera, Aeromonas (yellow
orange), Pseudoalteromonas (orange), Pseudomonas (blue), and Vibrio (yellow), found in
hatchery tanks, hatchery veligers, and wild veligers.
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Figure 11. Shared core genera between tanks and hatchery veligers. Core bacterial SVs
identified at the genus level which are shared by hatchery Atlantic Sea scallop veliger-stage
larvae and the co-occurring tank biofilms. Core SVs were determined by >0.001% abundance
across >70% of the 11 samples used here.

1.5 Discussion
In this pilot study, we collaborated with three local aquaculture facilities and hatcheries to
address the scallop larval die off problem that the industry is facing. Our attempt at finding a
solution was to identify the host-associated bacterial communities in wild and hatchery larvae as
well as the bacterial communities of the biofilms in the larvae tanks to assess their role in animal
health and development of the scallop’s bacterial community. We hypothesized that the formation
of bacterial communities in larval and juvenile tanks does not contribute to the development of a
typical scallop microbiome and that animal microbiome formation in hatcheries does not mimic
that of wild scallops. Further, we believe that microbiome optimization will improve scallop larvae
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survival in hatchery production. Our first objective was to identify the microbial community
member(s) involved in biofilms, and to determine how the biofilms differ between static and flowthrough tanks and before and after the cleaning cycles. Our second objective was to identify the
microbial community present in wild scallop larvae, on tank surfaces, and in hatchery scallop
larvae, and assess the contribution of bacteria from tank sources to larval sinks. The results from
16s rDNA sequencing revealed that hatchery veligers have much lower bacterial richness than
wild veligers. The core bacterial communities in wild veligers are different than hatchery veligers,
and the wild veligers have more bacterial genera considered to be part of the core bacterial
community than hatchery veligers. When comparing wild veliger, hatchery veliger, and tank
bacterial communities, hatchery veliger bacterial communities appear to be similar to both wild
veliger and tank bacterial communities.

1.5.1 Microbial connection between wild scallop larvae and their environment
Microbial communities in ocean waters are known to be volatile over short periods of time
as currents and phages targeting microorganisms turn over populations rapidly (Breitbart et al.,
2018). However, long-term studies of northwestern Atlantic Ocean waters show overall stability
as seasonal trends, and continuity in environmental conditions, select for similar microbial
communities regularly (Zorz et al., 2019). The microbial communities in ocean waters can seed
the host-associated microbial communities of marine organisms (Sousa et al., 2021), and changes
to those water communities has the potential to affect host-associated populations, as well (Ishaq
et al., 2022). Wild larvae of various marine species were shown to contain a large number of
marine-associated bacteria which they acquired from their environments (Boscaro et al., 2022),
although it is not clear if this also applies to scallops, or if environmental bacteria simply create
the most profound trends in marine bivalve microbial communities. It is also not clear if the
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bacterial communities which exist at different depths in the water column (Cui et al., 2019) would
also result in larvae acquiring different bacterial communities based on their depth during their
pelagic stages.
Additionally, as ocean waters continue to warm, this will create an environment more
suited for Vibrio spp., and possibly increase the abundance of Vibrio found in the scallops’
environment (Kurpas et al., 2021). Besides animal health, it is important to understand the
prevalence of Vibrio in these environments as several Vibrio species such as V. cholerae, V.
parahaemolyticus, and V. vulnificus can be pathogenic in humans, raising a public health issue as
well (Kurpas et al., 2021).

1.5.2 Trends in tank systems
It is difficult to present our findings in relation to other scallop microbial community studies,
as there are no other published papers on P. magellanicus microbial communities. In other scallop
species, after a bacterial infection the microbial diversity and core bacterial community members
were altered and so were predicted microbial activities (Muñoz et al., 2019; Yu et al., 2019). This
is consistent with the presence of disease in other animals, in which disruption of the hostassociated microbial community is indicative of loss of animal homeostasis, e.g., (Frank et al.,
2011; Kinross et al., 2011; Murall et al., 2017), and allows for secondary effects such as loss in
microbial community functionality and associated benefits to the host, e.g., (Robinson et al., 2010;
Sonnenburg and Sonnenburg, 2014).
While biofilms appear on tank surfaces, they do not appear to negatively affect the health of
adult scallops, but it is assured that scallops encounter biofilm debris and planktonic cells released
from mature tank biofilms, and that scallops ingest this material during normal feeding. Even
though adult scallops do not seem to be negatively affected, scallop larvae might have a different
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response to these biofilms as juvenile animals typically have a different microbial community and
immune system capabilities than adults, e.g., (Blyton et al., 2022; Knoop et al., 2020; Simon et al.,
2015). It is possible, but unconfirmed, that the diverse community which associates with adult
scallops may offer some protective effects, emphasizing the need for characterization of scallop
microbes. One idea to ensure the formation of a healthy microbial community in larvae is to present
them with the conditioned adult tank water as an in-situ probiotic in larval development tanks.
Unfortunately, this is not an option because the adult tank water simply becomes too foul with
feces and particulate food matter (Beal, communications).
In the flow-through systems, a 10-micron netting was used to filter incoming sea water,
which allowed the passage of smaller microorganisms. Ciliates were seen in scallop larvae tissues
in the flow-through group. Over 150 species of ciliates have been identified which associate with
various scallop species, primarily Trichodinids which have flagella distributed around the cell
(peritrichous) (Getchell et al., 2016). Under most conditions, these ciliates are considered to be
commensally associated with scallops. Ciliates often graze on bacteria and may be feeding inside
the developing scallop gut tissues. Ciliates are also known to harbor their own microbial
community, which may be one source for the species of Pandoraea bacteria found in tanks, as in
the ciliate-Pandoraea endosymbiosis seen in insects (Kostygov et al., 2016). Pandoraea are more
commonly known for opportunistic infections in cystic fibrosis patients, but it’s possible that they
can subsist on the mucus chain produced by scallop larvae when they create rafts in preparation to
settle.

27

1.5.3 Limitations
As this was a pilot study, there were some organization issues that led to inconsistency in
labeling and processing samples, which made certain parts of data analysis more difficult. We were
also limited by funding which is why we were not able to include whole genome sequencing data.
The students who were working on this project were still learning details of culturing and
describing colony morphology which led to some inconsistencies and mistakes. The main student
working on this project was also working on two other projects at the time which led to delayed
processing of the biofilm plates, which could affect the viability of the bacteria at the time it was
streaked onto new plates. Additionally, although there are studies about clinical and environmental
presence of Vibrio in other parts of the world, there are limited studies on the presence of Vibrio
in Maine, and the United States as a whole, and most studies that are available, look at oysters and
not scallops, which again limits our ability to contextualize our results. We were also limited by
sample size as we were targeting a specific larval stage and therefore had a limited sample
collection period. The location of the wild veligers could also have had an impact on the microbial
communities as they were collected from waters more southern than the hatcheries and could have
different environmental features. The veligers were also collected during different years which
could also impact the microbial communities and emphasizes the need for more research. Also, as
this was a pilot study, and as there are currently no similar studies, the purpose of this study was
to explore the bacterial communities in wild scallops, hatchery scallops, and the hatchery
environment, but we are not able to determine what microbiome optimization would currently look
like. Further studies are needed to complement this work to determine if what we found in wild
scallops is similar to other wild scallops at different locations or time points.
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1.5.4 What can we do with what we learned?
In this study, it is not clear whether the larvae have bacterial infections, though it is clear
that the hatchery larvae are not able to form the typical scallop microbial communities that are
seen in wild scallops. It is possible that this is from bacterial infections, but it is more likely that
they just do not have access to the same bacteria in hatcheries than in the wild and therefore cannot
maintain homeostasis. Because the hatchery veligers have low bacterial richness compared to the
tank, the lack of bacterial richness in the hatchery veligers is not due to a lack of bacteria in their
environment, and it might be that the bacteria present in the tanks, do not typically associate with
scallop veligers, and that environmental bacteria have a major impact on the veligers ability to
form a functional bacterial community. We can continue screening for Vibrio in the hatcheries,
but until whole genome sequencing is done on the isolates, we will not know if the colonies that
grew from the biofilms are pathogenic.
Several strategies in the hatchery production of sea scallops attempt to reduce the
incidence of disease, including the use of mechanical- or bio-filtration of water, continuous-flow
instead of static-water tank systems, and the inclusion of antibiotics in the water with marginal
effects (Andersen et al., 2000; Torkildsen and Magnesen, 2004). As with terrestrial animal
production, aquaculture facilities have used broad-spectrum or low-concentration antibiotics to
reduce microbial infections in animals and boost production (Andersen et al., 2011; Nicolas et al.,
1996, 1995; Torkildsen and Magnesen, 2004). Many researchers have questioned if we can use
antibiotics to optimize the larvae bacterial communities by targeting the unwanted species, but this
is not the best solution to the problem. In terrestrial agriculture, this practice is being restricted and
replaced as it contributes to antimicrobial resistance and threats to public health (Executive Order
13676 - Combating Antibiotic-Resistant Bacteria, 2014). While antibiotics are still used in
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aquaculture facilities, this practice is unsustainable, both ecologically and financially, and has
mixed benefits, at best. Antibiotics can also increase mortality in some marine species, partly by
encouraging antibiotic resistance and partly by removing beneficial or symbiotic bacteria which
are integral to host health and growth (Prado et al., 2010; Schmidt et al., 2017).
Alternatively, probiotics which encourage the growth of symbiotic bacteria have been
shown to improve aquaculture animal survival, but a further understanding of P. magellanicus
microbial communities is still needed to develop effective therapeutics and management practices
(Prado et al., 2010; Schmidt et al., 2017).

1.5.5 Potential for impact
The long-term goal of this research is to standardize management practices to support
beneficial microbiome assembly to improve animal health, and thereby enhance the success of
cultured scallop production and overall aquaculture industry. Globally, scallop meat is a growing
commodity (Food and Agriculture Organization of the United Nations, 2018), and the Atlantic
deep sea scallop fishery in the United States is valued at upwards of half a billion dollars annually.
Sea scallop landings in Maine alone generate up to $9 million annually (Agriculture Council of
Maine, 2013; “Commercial Fishing Historical Landings Data,” 2020; The Hale Group, 2016).
Farmed scallop productions currently rely on collections of wild scallop spat but wild population
crashes, habitat quality, harvesting intensity, and, increasingly, ocean acidification and warmer
water temperatures (Cooley et al., 2015; Culliney, 1974; Rheuban et al., 2018)(Culliney, 1974),
all threaten the sustainability and economic viability of this industry (Cooley et al., 2015; Ferraro
et al., 2017; Stokesbury et al., 2007). There are considerable year-to-year spatial and temporal
fluctuations in natural spat volume which demonstrably results in unpredictable spat supply for
the scallop farming sector, and instability for farmers (rbouvier Consulting, 2019; Rheuban et al.,
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2018; The Hale Group, 2016). If stability in production of cultured juvenile sea scallops could be
achieved, total scallop harvest has the potential to grow three-fold in Maine alone over the next 10
- 15 years (The Hale Group, 2016), and, as an additional benefit, the wild scallop population would
have one less stressor. Thus, there is a critical need to decouple this reliance and improve
reproducibility of production such that farmed scallop production can become economically
viable.

1.5.6. Future Directions
There are still many questions about microbial communities in Atlantic sea scallops and in
hatchery tanks such as: are the Vibrio harmful to the larvae, are there other bacteria in the biofilm
that might be harmful, how do we use these results to help them survive, how do we make the
hatchery scallops form a healthy microbiome, the role of Pseudoalteromonas and Pseudomonas,
how variable is the bacterial community in veligers, if we do this again will we find similar results,
does biofilm formation happen repeated or randomly, what is the prevalence of Vibrio on the coast
of Maine where these scallops naturally grow? It would also be interesting to look at the salinity
at locations where wild scallops live and in the hatchery tanks as Vibrio prefer low salinity
environments.
As little data exist on sea scallop microbiomes in the wild or in hatcheries, a myriad of
research questions remain, some of which can be answered using this existing project. Whole
genome sequencing will be used to identify the bacterial isolates from hatchery biofilms, identify
genes for pathogenicity or toxin/adverse compound production, and determine if there are trends
to these genomes to look at how biofilms change over time, if the assembly is random or repeated,
and generate further hypotheses about the role of Vibrio in these systems. Additional information
31

about biofilm formation capacity and bacterial-bacterial antagonism, such as between Vibrio and
Pseudoalteromonas strains (Richards et al., 2017), can be obtained from in vitro culture and
microscopy (O’Toole, 2011; Rojas et al., 2009). This study will hopefully be replicated in the
future to be able to have year to year comparisons and give more context to our current findings.

1.6 Conclusions
The Atlantic deep-sea scallop aquaculture and farming industries are hampered by a
massive die-off during the last two weeks of larval development, the veliger stage. This study
investigated the bacterial communities in wild veligers, hatchery veligers, and hatchery tank
biofilms, to gain a better understanding of microbiome formation and the difference between the
wild and hatchery veliger bacterial communities. Biofilm composition was also determined to
understand the role of tank microbes in scallop health and in bacterial community formation in
hatchery veligers. Bacterial richness was higher in wild veligers and hatchery tanks than in
hatchery veligers. Even though Vibrio was able to be cultured from many of the hatchery biofilm
samples and further analysis needs to be done to really determine their function, it does not seem
to be the cause of larval death, and future research should focus on the roles of Pseudoalteromonas
and Pseudomonas. Further research is needed to have more context of Atlantic deep-sea scallop
bacterial community formation, how tank bacteria contribute to bacterial community formation,
and how to modify aquaculture practices to prevent massive larval death.
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CHAPTER 2
A REVIEW OF TECHNOLOGICAL ADVANCES AND GAPS IN DETECTING AND
UNDERSTANDING CRYPTOSPORIDIUM PROTOZOAN PARASITES IN RUMINANT
LIVESTOCK.
2.1 Abstract
Cryptosporidium spp. are apicomplexan parasites found in water and soil that cause an
enteric disease, known as cryptosporidiosis. Feces is the most common route of transmission,
whether through direct contact, or by consuming contaminated water, food, or soil. Infection can
trigger severe diarrhea in animals and humans that can potentially be fatal for
immunocompromised individuals. Cryptosporidium infections are the leading cause of diarrhealrelated death in young children and neonatal calves (Bos taurus). Cryptosporidium parvum is
zoonotic and the most common species that infects livestock and humans, but dozens of species
have been identified, many of which can be transferred between livestock, wildlife, pets, and
humans. The detection of cells or cysts has historically relied on microscopy and molecular
identification, but these can be hampered by the difficulty of processing the sample substrate, a
lack of species or stain resolution by certain methods, or chemical compounds which inhibit highresolution molecular methods. Further, Cryptosporidium is difficult to maintain in culture for indepth study. Because of its ubiquity in the environment, range of host species, and ease of
transmission, eradication of the disease in livestock is unlikely. Consequently, understanding the
modes of transmission, risk of infection, treatments, and research methods is essential to
understanding the ecology of the protozoa to prevent outbreaks. This review will mainly focus on
Cryptosporidium parvum infections in farm animals, its environmental impact and advances in
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research regarding culture, identification, and prevention methods. Furthermore, we will identify
gaps in the literature and areas to focus future research efforts.
2.2 Introduction
There are 44 currently recognized species of the protozoan genus Cryptosporidium, which
can be found in soil and water, with biogeographical patterns to species’ distribution. Their life
cycle involves several phases, some of which offer protection against extreme conditions, and
some of which possess a unique organelle called the apicoplast (thus, apicomplexan) that enables
them to enter animal host cells in the gastrointestinal tract to cause infection. Of the 44
Cryptosporidium species, several have zoonotic potential (reviewed in Ryan et al. 2021), and
cryptosporidiosis outbreaks are becoming more common and widespread since the genus was
originally identified in avian (Slavin, 1955) and ruminant (Panciera et al. 1971) livestock in the
mid-1900s and first seen in humans in 1976 (Peeters et al. 1989; Bouzid et al. 2013). The disease
is most often observed in and is the leading cause of diarrheal-related death in neonatal calves (Bos
taurus) and young children (Crawford and Kol 2021), which may reflect both the lack of an
adaptive immune response, as well as increased exposure risk due to their proximity to the ground
and relative amount of interaction with the environments. In addition, young individuals are less
likely to consume a high fiber diet which can physically remove or chemically thwart gut parasites
(Distel and Villalba, 2018; Harris et al. 2019); therefore, neonates are less likely to have a diverse
and stable microbial community in the gut, which may compete with or competitively exclude
parasites (Distel and Villalba, 2018; Harris et al. 2019).
Simple, inexpensive, and high-throughput detection of Cryptosporidium cysts or cells in
feces, soil, or tissues can be difficult to achieve simultaneously. Drinking and recreational water
is often monitored or treated to prevent outbreaks in humans, but livestock are not routinely
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screened, even if they are showing symptoms and despite being a common source of zoonotic
outbreaks, because there is still no treatment outside of palliative care (de Graaf et al. 1999;
Robertson et al. 2013). Thus, much of what we know of Cryptosporidium in animals comes from
infectious and epidemiological research, despite the fact that it does not cause infection in all hosts
and circumstances. A better understanding of how Cryptosporidium is spread around farms within
the context of local ecosystems could provide a better route for preventing outbreaks through
livestock management practices. Cryptosporidium is ubiquitous in the environment, can infect a
range of host species, is easy to transmit, and the immune-incompetent status of young livestock
and children makes eradication of the disease unlikely. Understanding the modes of transmission,
risk of infection, treatments, advances in research, and gaps in the literature will identify areas on
which to focus future research efforts that can inform disease management strategies.
2.3 Protozoan life cycle dictates environmental or host-association
The life cycle of Cryptosporidium protozoans is complex and results in oocysts (eggs) that
contain infectious sporozoites. Ingesting only a few oocysts are enough to infect a host because
they reproduce within the host and cause autoinfection (i.e., re-infection of the host) (Peeters et al.
1989). Ingested oocysts travel through the digestive tract and, with oocyst excystation, motile
sporozoites are released that invade the host epithelial cells of the intestinal lining (Gibson and
Striepen 2018). The excysted parasites undergo sexual (gametogony) and asexual (merogony)
replication producing micro- and macrogametocytes (Putignani and Menichella 2010). When these
are fertilized, zygotes are created, which then sporulate and create two differently structured
oocysts.
Both oocyst types contain multiple layers in their outer wall, with differences based on
thickness (Harris and Petry, 1999). Eighty percent are thick-walled oocysts (5 µm in diameter)
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which are shed from the host and may be transmitted to new hosts as the thick wall allows them to
resist temperature, chemical, physical, and ultraviolet damage (Putignani and Menichella 2010;
Leitch and He, 2011; Shaw et al. 202), discussed again in the section on treatments. Consequently,
once disease presents itself in a very young or immunocompromised animal or human, fluids and
other palliative care has proven useful in supporting host immune responses, but ultimately
infection may result in mortality (de Graaf et al. 1999).
Twenty percent of oocysts are thin-walled oocysts that are retained in the gut. The
mechanism by which thin-walled cysts are retained does not appear to have been explored, but
given that Cryptosporidium often affects the ileo-cecal junction (Thompson et al. 2017) in the
digestive tract, it is possible that thinner-walled oocysts which lack motility are able to capitalize
on the back-and-forth gut motility caused by cecal muscular contractions and persist in the
ileocecal junction through retainment in the small-particle fraction (Foley and Cork, 1992;
Hummel et al. 2018; Vispo and Hume, 1995). Because they are retained, thin-walled oocysts are
involved in autoinfection (Putignani and Menichella 2010; Leitch and He, 2011), which is thought
to be mediated by the presence of multiple life stages at once (Current and Reese, 1986). The thinwalled oocysts infect mainly the epithelial layer of the upper intestinal tract but can also be found
in other epithelial tissues in immunocompromised patients, and infection results in localized
deterioration of the microvilli (Miller et al. 2017). Cryptosporidium often affects the abomasum
(Anderson 1998), ileum or the ileo-cecal junction (Thompson et al. 2017) in the digestive tract,
places where the host gut anatomy and diet digestion is not inviting and there is a reduced bacterial
diversity and a less structured bacterial community (Yeoman et al. 2018), which might not
competitively exclude infection in these areas. Acute infection causes host cell death and
significant structural damage to the intestinal wall, which leads to sloughing of damaged
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epithelium, a disruption to the osmotic balance of the intestines and diarrhea, and malnutrition
through malabsorption. It has never been demonstrated whether environmental or host conditions
dictate whether thin- or thick-walled cysts are created, or whether conditions could be manipulated
to intentionally push the creation of only (100%) thick-walled oocysts in order to clear an intestinal
infection.
There are conflicting reports on the long-term effects of cryptosporidiosis in calves as there
are very few studies focusing on longitudinal outcomes. An observational in situ study using beef
calves regularly assigned a cryptosporidiosis severity score and monitored for post-infection
effects from birth to six months of age (Shaw et al. 2020). Calves with severe infection (severe
diarrhea for three or more days and a poor demeanor) gained significantly less weight when
compared to low-severity infection (no diarrhea and a poor demeanor) and did not show signs of
regaining lost weight by six months post infection, indicating a major concern for beef production
(Shaw et al. 2020). There are also studies of lambs that have shown reduced growth over time
(Thomson et al. 2017). In the UK, the estimated cost of this disease is 32-34 British pounds (£) per
infected calf, and approximately £11 million per year (Shaw et al. 2020; Thomson et al. 2017).
Collectively, this points to the need to prevent disease to support sustainable food production.
2.4 Host specificity and transmission in livestock
Cryptosporidiosis received more attention during the AIDs pandemic in the 1980s because
of its severity in immunocompromised individuals; however, infections routinely cause symptoms
in otherwise-healthy individuals and parasite persistence in water can lead to widespread
outbreaks. Aside from typical sources such as drinking water, many outbreaks have occurred from
consumption of contaminated water in public swimming areas such as pools, rivers, lakes, etc.
(Anderson 1998; Crawford and Kol 2021; Drummond et al. 2018; Floyd et al. 2022; Gibson and
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Striepen 2018; Peeters et al. 1989; Putignani and Menichella 2010). Cryptosporidiosis can also be
caused by contact with contaminated feces, and even irrigation water, compost, or manure which
contains cysts, and which is applied to soil and crops and can lead to later infections in human and
animal hosts, making agriculture environments high risk for exposure (de Graaf et al, 1999; Hong
et al. 2014; Toledo et al., 2017; Ziemer et al. 2010). Individuals who work on dairy farms tend to
have higher serum anticryptosporidial antibody titers than those that do not, signifying greater
exposures and acquired immunity (Anderson 1998). Therefore, given that urbanized human
settlements often have reduced exposure to environmental microorganisms, especially protozoa,
people in urban settings may be more susceptible to outbreaks because they lack IgE against
Cryptosporidium.
Cryptosporidiosis was first described in avian (Slavin, 1955) and ruminant (Panciera et al.
1971) livestock beginning in the mid-1900s. Cryptosporidium spp. can also infect a wide range of
domestic and wild animals, including snakes, birds, pigs, cats, dogs, goats, rodents, monkeys,
horses, chipmunks, and donkeys (Feng and Xiao 2017). There are 19 species of Cryptosporidium
that have been found in humans (Ryan et al. 2021) with the majority of cases caused by C. parvum
(Lombardelli et al. 2019), C. andersoni (Feng and Xiao 2017), and C. hominis (Chako et al. 2010);
though C. felis, C. meleagridis, C. canis, C. suis and C. muris have been detected in humans as
well with some geographic specificity by species (Putignani and Menichella 2010).
Four Cryptosporidium species are common in cattle, with C. parvum and C. bovis being
the most common, and variation among species in the age distribution of cases (Couto et al. 2014;
Lombardelli et al. 2019). Cryptosporidium parvum is most prevalent during the pre-weaning phase
(0-2 months) (Couto et al. 2014; Teixeira et al. 2011)., but as calves transition to the post-weaning
phase (2-11 months) there is a decrease of C. parvum infection and increase in C. bovis and C.
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ryanae, and C. andersoni has the highest prevalence in individuals older than 12 months (Couto
et al. 2014). Cattle of all ages have been reported to shed billions of C. muris oocysts, a nonzoonotic species that infects the abomasum; typically, no illness is observed, but infections can
cause a reduction in acid production, protein digestion, and milk production (Anderson 1998).
Differences in the age-prevalence distribution among Cryptosporidium species could be a result
of the changes in the calf gut microbiome as the animal matures, or from dietary changes, which
both affect the ability of the parasite to infect the host (Thomson et al. 2017).
There is global geographic variation in Cryptosporidium subtypes that may explain some
of the variability in disease severity. There are 11 subtype families (IIa-IIl) of C. parvum, as
determined by a sequence analysis of the gene encoding 60-kDa glycoprotein (GP60); subtype
families IIa and IId are considered zoonotic (do Couto et al. 2014). In 48 of 54 dairy cow herds in
Argentina, there was at least one calf positive for C. parvum; 22% of 1073 calves, had indication
of diarrhea, while 26.3% were positive for C. parvum oocyst excretion, suggesting that 4.3% of
calves had asymptomatic infections (Lombardelli et al. 2019). All analyzed oocysts subtypes
belonged to the IIa family including, IIaA18G1R1, IIaA20G1R1, IIaA21G1R1, IIaA22G1R1, and
IIaA24G1R1, which is similar to subtypes common in dairy cattle in other countries (Lombardelli
et al. 2019). Severe infection and diarrhea are associated with subtype IIaA20G1R1. IIaA24G1R1
was not recorded prior to this study and therefore is a novel subtype, which was found in two of
the calves (Lombardelli et al. 2019). Similarly, a study done on dairy calves in Brazil found
subtypes IIaA20G2R1, IIaA19G2R1, IIaA18G1R1, IIaA16G3R2, IIaA20G2R2, IIaA19G2R2,
IIaA18G2R2 and IIaA14G2R2 (Couto et al. 2014), with the latter four subtypes newly identified
as causing disease in animals. Interestingly, in dairy calves that were studied in China, C. parvum
subtypes IIdA15G1 and IIdA19G1 were most prominent, although rarely observed in cattle in
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other countries (Feng and Xiao 2017); a possible explanation for this is that these subtypes are also
common in rodents in China and may spill over to calves on farms.
Cryptosporidium is also a problem for small ruminant production (Foreyt, 1990); however,
because it only causes mild symptoms in just the first 30 days of life, fewer studies exist. Three
species found in asymptomatic lamb and ewe fecal samples were C. parvum (found on all 5 farms),
C. ubiquitum (found on 1 farm) and C. xiaomi (found on 3 farms) (Bordes et al. 2020). This is
important to note because although C. xiaomi and C. ubiquitum are zoonotic, C. parvum has more
zoonotic potential and is the dominant species in many countries, which could indicate that sheep
are resistant to these species and act as reservoirs, but more research is needed in this area. The
farm that had the highest prevalence of infection was the only one that separated the ewes from
their lambs after the first colostrum feeding, and put the lambs in a pen together, increasing the
density of naïve animals, possibly causing an increased risk of transmission (Bordes et al. 2020),
similar to the results from Feng and Xiao (2017). Genotyping results from these asymptomatic
sheep identified two zoonotic C. parvum genotype families, gp60 IIa and IId (Bordes et al. 2020).
Genotype IIdA24G1 was found only in lambs and IIdA21G2 was only found in ewes, which was
also the first time IIdA21G2 was reported in ewes. A limitation to this study (Bordes et al. 2020)
was the small sample sizes, and therefore did not represent the entire farm prevalence, sample size
is a recurring issue in many cryptosporidiosis studies.
Livestock shed infectious oocysts through their feces, which contaminates drinking soil
and drinking water, specifically surface water that flows through the pastures (Toledo et al., 2017).
Infected calves can shed up to 6×10 oocysts in their feces in the first month of life, showing high
11

risk of transmission to humans and other animals (Teixeira et al. 2011). Clinical symptoms include
watery and bloody diarrhea, nutrient malabsorption, dehydration, and in severe cases, mortality
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(Shaw et al. 2020). In non-severe cases, if animals are otherwise healthy, have sufficient colostrum
antibodies, and have supportive care, the pathogen will pass through the animals’ system in a
couple weeks (Bouzid et al. 2013). In 1998, diagnostic laboratories could not find a dairy or calfrearing facility without Cryptosporidium (Anderson 1998). Oocyst shedding in ewes increases
during parturition, representing a high risk of environmental contamination and likelihood of
transmission to their lambs (Bordes et al. 2020). Most farms do not monitor for C. parvum in water,
feces, and soil, because of the difficulty and lack of resources to identify it despite the cost to
animal health and production.
2.5 Common detection methods
There are many different methods of detecting C. parvum oocysts in samples, mainly
microscopic methods or molecular methods. Microscopic staining and immunofluorescence
detection methods are common because they are easy and require basic laboratory materials but
need a technical expert to identify the oocysts on a slide, which are not always accurately stained
to begin with, and specific species cannot be identified (Fall et al. 2013; Hassan et al 2021;
Thomson et al. 2017). Furthermore, there are little to no protocols for histology and staining
oocysts in intestinal tissue, which hinders the ability to do research on them, possibly preventing
access to essential information about the disease and pathogen. Older studies of different species
that are based on microscopic data are not always reliable as many species look identical (Fall et
al. 2013; Robertson et al. 2013). Molecular methods such as PCR and ELISA are more sensitive
and specific in order to obtain species level identification and genotypes (Bordes et al. 2020;
Hassan et al 2021; Sateriale et al. 2019). Flow cytometry combined with immunofluorescence
microscopy has up to 10 times more specificity than direct fluorescence assays, but this method
is not commonly used in diagnostic laboratories due to cost and technical expertise needed
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(Hassan et al. 2021). Out of 79 lambs and 72 ewes, only one lamb and one ewe were found to
have Cryptosporidium oocysts using microscopic methods, whereas 36 lambs and 17 ewes were
found to have oocysts using PCR methods (Bordes et al. 2020). This study demonstrates the low
accuracy of using microscopic and staining methods to detect Cryptosporidium oocysts and
highlights the need for the development of more sensitive molecular approaches.
Miller et al. (2017) described protocols for many forms of Cryptosporidium identification,
including PCR analysis and several types of staining. These stains include fluorescently bound
mono-clonal antibodies that bind the oocyst cell wall, Vicia villosa lectin that binds to O-glycan
mucin repeats on C. parvum sporozoites, and direct sporozoite staining using propidium iodide
and Sporo-glo (Miller et al. 2017). Direct immunofluorescence (DIF) assays are widely used
because of its enhanced sensitivity and specificity compared to traditional staining techniques.
Teixeira et al. (2011) presents an anti- C. parvum conjugate containing rabbit antibodies,
standardizing DIF for detecting Cryptosporidium oocysts in fecal samples. Cross reactivity with
E. coli, Eimeria sp., Candida sp., and other Cryptosporidium species (andersoni and serpentis)
was also examined. The results showed cross-reactivity only occurred with the Cryptosporidium
species, confirming that this DIF assay can be used to identify other Cryptosporidium species in
fecal samples (Teixeira et al. 2011). The results also demonstrated that 12mL of anti-C. parvum
antibodies from one rabbit was enough to analyze 19,200 samples in duplicate, indicating that this
system would be more cost efficient compared to commercial kits (Teixeira et al. 2011).
2.6 Mammalian immune response
Understanding the immune response to Cryptosporidium parvum is important in being
able to develop an effective treatment. The innate immune response is complex and involves the
intestinal epithelium, innate immune cells, and a complicated interplay of cytokine signaling
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(Crawford and Kol 2021; Thomson et al 2017). Cryptosporidium infection is most frequent in
young animals, or in children ages 6 months to 2 years, and following exposure, individuals may
gain protection through adaptive immunity (Gibson and Striepen 2018). However, immunity
does not immediately come after one infection, but may develop over multiple infections, and
requires the production of interferon gamma (IFNγ) and CD4 T cells (Gibson and Striepen 2018;
+

Thomson et al. 2017). Proximity to animal reservoirs of infection may lead to higher serum
anticryptosporidial antibody titers in humans (Anderson 1998). Cryptosporidium parvum
invasion of enterocytes triggers the nuclear translocation of nuclear factor kappa B (NF-κB),
which activates toll-like receptor 4 (TLR4) and TLR2, inducing the release of antimicrobial
peptides (Crawford and Kol 2021; Laurent and Lacroix-Lamandé 2017). However, a more
complicated immune response is involved, because TLR4 and TLR2 deficiency did not increase
parasite load in neonatal mice, although mice models for C. parvum are not always
representative of natural infection (Crawford and Kol 2021). Intracellular recognition of C.
parvum via NOD-like receptors (NLR) and later activation of the inflammasome complex is a
critical innate response to infection. Key products of the inflammasome activation include
interleukin-18 (IL-18) and IL-1β (Crawford and Kol 2021). IL-18 is elevated in human epithelial
cells lines after C. parvum infection and IL-1β was increased following infection in mice
(Crawford and Kol 2021).
Cryptosporidium parvum can be killed by phospholipases and the antimicrobial peptides
β-defensin-1, β-defensin-2, and LL-37 (Crawford and Kol 2021; Thomson et al. 2017). However,
C. parvum has the ability to inhibit the production of antimicrobial peptides, including β-defensin1 (Crawford and Kol 2021). Chemokine and cytokine release from infected cells is crucial for the
recruitment of specialized immune cells that support parasite clearance because C. parvum is
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restricted to parasitophorous vacuoles on the apical membrane (Laurent and Lacroix-Lamandé
2017). Apoptosis is another defense response, resulting in the destruction of infected and
surrounding cells in the presence of C. parvum infection. Once again, C. parvum has a way to
protect itself because just a few hours after infection, C. parvum in the trophozoite life stage
inhibits apoptosis, but in later life stages, sporozoite and merozoite, apoptosis is again promoted
(Crawford and Kol 2021).
Interferons (IFNs), groups of signaling proteins, are a crucial part of the host immune
response to C. parvum. IFN-γ knockout also increases mice susceptibility to infection.
Deactivation of another interferon, IFN-λ3, leads to increased villus blunting and shedding of
infective oocysts (Crawford and Kol 2021). Natural killer (NK) cells promote the innate immune
response to C. parvum. Mice without NK cells experience more severe infections, and excrete
more oocysts compared to control mice (Crawford and Kol 2021). Dendritic cells (DCs) are
important for cytokine secretion and capturing C. parvum antigens in the gut mucosa and move to
draining lymph nodes where the antigens are presented, initiating the adaptive immune response
(Crawford and Kol 2021; Thomson et al. 2017). Macrophages are also critical immune cells,
engulfing free C. parvum and transferring them to DCs. In mice that had depleted macrophages,
there was less resistance to C. parvum and IFN-γ production was inhibited (Crawford and Kol
2021).
2.7 Treatments and prevention on farms
The high likelihood of surface and groundwater being contaminated by infectious, thickwalled oocysts highlights the need for thorough water treatments to prevent disease outbreaks. The
parasite is difficult to remove from environments, surfaces, or hosts because of its strong outer
shell, which enables it to withstand a wide range of temperatures (-22ºC to 60ºC), and resist
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chlorination treatment of water, as well as many common disinfectants, (Shaw et al. 2020).
Oocysts can remain viable for up to 12 months at 4ºC and can briefly tolerate temperatures up to
60℃ (Peeters et al. 1989; Shaw et al. 2020). Halofuginone lactate is the only approved prescription
drug for livestock, but it is only available in Europe and does not provide any benefit to animals
with co-infections, which is common with cryptosporidiosis (Almawly et al. 2013; Laurent and
Lacroix-Lamandé 2017).
In the late 1980s, an experimental study showed that increasing Cryptosporidium oocyst
concentration in mice reduced the effectiveness of ozone and chlorine dioxide water treatments
used for decreasing oocyst viability in drinking water (Peeters et al. 1989). In mice inoculated with
1×10 oocysts/mL, an ozone concentration of 1.1 mg/liter for 6 min was enough to disinfect the
4

water (Peeters et al. 1989). For a higher oocyst concentration, 5×10 , an ozone dose of 2.25 mg/liter
5

for 8 min was sufficient for disinfecting the water (Peeters et al. 1989). Chlorine dioxide was
successful at reducing the oocyst reproduction and infectivity of contaminated water, but ozone
was more effective, requiring shorter exposure time (Peeters et al. 1989). The oocyst
concentrations in these experiments were higher than what would be found in surface waters,
providing a promising solution for Cryptosporidium infection. Another way of treating water
without using harmful chemicals is using ultrasound irradiation which inactivates cells (AbeledoLameiro et al. 2018). Currently ozone and chlorine dioxide are used as water treatments, but there
are still cases that arise from ingesting contaminated water, which can be attributed to private
wells, sewage overflows, agricultural run-off, sewage system malfunctions, stormwater run-off,
and more. Adding vegetated barriers for runoffs, such as bioswales or straw mulch patches, did
reduce oocyst contamination of stormwater leaving farms (Miller et al. 2008). Developing a
treatment to use on farms could reduce the risk of contaminating water, providing a solution closer
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to the source. Hydrated lime was explored as a possible disinfectant for calf pens to prevent
Cryptosporidium infection; delayed onset of diarrhea was achieved, but no decrease in infection
rate or duration of infection was shown (Björkman et al. 2018).
As of 2017 there was only one moderately effective drug (nitazoxanide) for treating
cryptosporidiosis in humans, which is only approved for adults and immunocompetent children
(Miller et al. 2017). There are no approved drugs for treating animals in the US, although there are
some options in other countries that have some success reducing cyst shedding but not disease
(discussed in Thomson et al. 2017). More recently, there have been studies evaluating the change
in gut microbial communities in response to Cryptosporidium as a way to induce competition or
competitive exclusion of parasites by gut bacteria. Certain lactic acid bacteria have been shown to
reduce the viability of cysts in co-culture (Deng et al. 2005; Foster et al. 2003; Glass et al. 2004).
A roughage or high forage diet for ruminants, which is high in plant fibers and plant-secondary
compounds, can physically remove or chemically inhibit gut parasites (Distel and Villalba, 2018;
Harris et al. 2019). Certain plant compounds from seeds have been evaluated with mild success in
calves (Nasir et al. 2013). The presence of a stable microbial community, and of host-associated
bacteria which are known to confer antimicrobial benefits to hosts, were shown to delay the
shedding of cysts by mice (Harp et al., 1992).
Colostrum, the specialized milk produced in the first few days after parturition, contains
the mammal-species-specific nutritional and immunological profile best suited to supporting
neonates, and it also contains a diverse bacterial community which has been shown to act as earlycolonizers in the neonate gut and important for developing beneficial host-microbial interactions.
Colostrum will contain immunoglobulins produced by the dam, and previous studies have found
that maternally sourced immunoglobulins against Cryptosporidium, particularly IgGs, in bovine
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milk conferred some protective benefits to offspring (Lefkaditis et al. 2020; Perryman et al. 1999).
Bovine colostrum containing anti-Cryptosporidium immunoglobulins given to adult humans
experimentally infected with Cryptosporidium resulted in a 100-fold reduction in number of cysts
shed and slightly reduced incidence of diarrhea, and many severe cryptosporidiosis cases occur in
calves that did not receive colostrum (Anderson 1998; Okhuysen et al. 1998).
2.8 Advances in research
Up until 2018 there was not a long-term cell culture system to be able to study
Cryptosporidium and its lifecycle, but Miller et al. (2017) was able to develop the first cell culture
system for C. parvum that allows for sustainable, continuous propagation of oocysts, systematic
investigation of the oocysts and their biology, long-term maintenance of the cell line, and
cryopreservation of the cells all while using commonly available equipment, providing much
needed advancements in C. parvum research. They used COLO-680N cells, from esophageal
squamous-cell carcinoma, as a cell culture system to support Cryptosporidium propagation.
COLO-680N cells remained viable and continued to produce oocysts for almost 8 weeks and only
required the medium to be changed once weekly (Miller et al. 2017). Additionally, oocysts derived
from the supernatant of COLO-680N cell cultures enabled the infection of novel cell cultures.
Infection with these oocysts did not result in changes in oocyst production efficacy, indicating that
COLO-680N cultures can support long-term production of C. parvum oocysts. One limitation of
this system is that it uses esophageal cells and therefore applications to host-pathogen interactions
can be questionable since C. parvum infects the intestines and not the esophagus.
A promising disease model are organoids, or enteroids, which are intestinal organoids.
Enteroids are comprised of a single epithelial layer with crypt and villus domains containing the
various epithelial cells including stem cells, enterocytes, goblet cells, Paneth cells, and more,
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recapitulating the microanatomy and function of natural intestinal epithelium (Crawford and Kol
2021). Research using enteroids is limited thus far because it is a newer tool but provides promise
for future studies. Another recent advancement is the development of organ chips, microfluidic
devices with multiple channels and co-culture capabilities that creates an isolated environment that
can mimic the specific organ of interest (Kasendra et al. 2018). A mini-gut tube was developed
and used to observe the complete life cycle and long-term growth of C. parvum (Nikolaev et al.
2020). There are many advantages to these techniques, but they require specialized knowledge and
currently intestine chips have only been developed for humans and not animals.
Cryptosporidium are difficult organisms to culture in the lab, but researchers have had
some success using 3D cultures, flow devices, multiple cell co-cultures, and stem-cell-derived
organoid systems (Zhang et al. 2016). Ramírez-Flores et al. 2022, provides further detail of
different culture options along with the advantages and disadvantages. With the recent
developments with CRISPR/Cas9, researchers also have the option to work with transgenic strains,
allowing for studies of the parasite’s life cycle using stage-specific fluorescent protein reporters
(Gibson and Striepen 2018; Sateriale et al. 2019).
2.9 Research Limitations and Future Directions
While there is a lot of research that still needs to be done to understand cryptosporidiosis,
C. parvum remains a difficult organism to work with, making it an undesirable model organism
for scientists. Downfalls of many of the mentioned cell culture systems and disease models
include rapid senescence of primary cell lines, incomplete protozoan life cycles, insufficient
production of infective oocysts, the requirement of continuous infection of animals, and the need
for expensive or specialized materials and equipment (Miller et al. 2017). The lack of a
cryopreservation method that provides long term storage to freeze oocysts without deteriorating
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their integrity results in oocyst populations that must be constantly sustained, leaving few options
for purchasing lines for research.
As Cryptosporidium carriage and infection can be host specific, the ability to understand
the pathogenesis of this protozoa, and to develop treatments and preventative measures, is
dependent on the disease models available. This often makes it impractical for studying
Cryptosporidium in wild animals or humans, and in livestock or mice comes typical research
constraints such as the expensive and specialized equipment, facilities, and training, and the ability
to conduct host-environment transmission studies in an environmentally relevant setting.
Additionally, many of the molecular research tools used to study and identify infection in mice
models are not available for cows, sheep, or other large animals (Crawford and Kol 2021). In vivo
animal models, such as mice, are typically the foundation for disease research, but because C.
parvum does not infect or cause disease in mice, except when severely immunocompromised, it
results in little translatability to natural hosts. Adult mice are resistant to C. parvum, but are
susceptible to C. muris, but there are many differences between these species including phylogeny,
biochemical nature of infection, and infection site (C. muris infects the stomach mucosa and not
the intestinal mucosa) (Crawford and Kol 2021). Although, a recent advancement in in vivo studies
suggests C. tyzzeri as a natural mouse pathogen that mimics characteristics of C. parvum
pathogenesis and host response (Crawford and Kol 2021; Sateriale et al. 2019). Additionally, the
bovine immune response is much different than murine response, having an increased frequency
of nonconventional T-cells, ultralong complementary-determining region 3 (CDR3) domain
antibodies and uniquely expanded NK receptor repertoires, limiting the type of studies that can be
done on murine models (Thomson 2017).
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In vitro models, such as cell culture systems, frequently use primary intestinal epithelial
cells due to their morphological and species-specific accuracy compared to immortalized cells,
which do not always mirror in vivo immune responses but are sometimes preferred due to their
resilience (Crawford and Kol 2021). Intestinal epithelial cells have been successfully infected with
C. parvum, but use is limited due to availability, obsoletion, and difficulty in long-term
propagation. Most in vitro models for C. parvum use cancer-derived transformed or immortalized
cells, but none of these cell lines maintain infection for more than six days, with the exception of
HT29 cells, which maintain infection for thirteen days but only for asexual life stages of C. parvum
(Crawford and Kol 2021). Previous attempts at using 3D structures for research involved lowshear microgravity cultures, but parasites decreased after 48 hours (Crawford and Kol 2021). Next,
a hollow fiber bioreactor system was used to infect a 3D culture system and was able to maintain
infection for six months while also facilitating oocyst production (Crawford and Kol 2021). Silk
fiber scaffolding used in 3D systems-maintained infection for two weeks. The downside to these
systems is that they are prone to genetic variation, use immortalized cell lines, typically cannot
support all life stages of C. parvum or sustain and propagate infection long-term.
There are many aspects of C. parvum infection that are not frequently studied, either
because of the level of priority or cost. There is a lack of research on asymptomatic infections,
which can also contribute to the spread of cryptosporidiosis. Finding the source of
Cryptosporidium contamination is essential for limiting outbreaks; DNA ‘fingerprinting’
techniques (Awad-El-Kariem et al. 1998) or whole genome sequencing have provided some
differences between “human” and “animal” types, but no further research has been done to
specifically monitor cyst transmission between animal and environmental sources in real-time.
Similarly, a higher spatial resolution of sampling may yield more information on geographical
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variation: for example, further research is needed to investigate whether Cryptosporidium species
are preserved and possibly accrue to higher concentrations in wet and cold environments, perhaps
leading to higher exposure rates in certain climates or years where severe weather is more common.
Weather-patterns trend has been observed in infections in human populations, but with contrasting
patterns (Brankston et al. 2018; Muchiri et al. 2009), which implies other factors are at play. A
better understanding of where transmission is most likely to occur on farms is needed to reduce
risk of infection as there are competing ideas; in one study all beef cows nursing calves shed
oocysts for up to 18 months, but another study found no positive detection of C. parvum in the
periparturient cows before or after calving even though infection in calves was 92%, but wood
scrapings from the walls and floors of empty and cleaned calf hutches that were ready to receive
calves were positive for oocysts (Atwill et al. 1998; Scott et al. 1994). Collectively, the risk of
spread from animal sources, the contamination of water, and seasonal effects point to a need for
hydrology modeling to predict when or where potentially contaminated groundwater from farms
could affect human populations.
The advancement of genomic, microscopic, and culturing techniques has improved our
ability to study Cryptosporidium, but simple, inexpensive, and high-throughput detection of
Cryptosporidium oocysts or cells in feces, soil, or tissues is still out of reach in some circumstances
(e.g., Feng and Xiao 2017). In this review, we identified remaining questions which are pertinent
to understanding infections in livestock, such as; how are thin-walled cysts retained, what local
conditions in the digestive tract advance the life cycle and contribute to infection, will exposure to
different Cryptosporidium cysts over generations of livestock accrue immunity and reduce
morbidity and mortality over long time scales, which species act as parasite reservoirs, how much
impact does the external environment have on risk of infection, and what are the long term effects
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on production. Research which is based in environmental monitoring and exploring broad
ecological questions may provide a better understanding of how Cryptosporidium is spread around
farms within the context of local ecosystems and could provide a better route for preventing
outbreaks through livestock management practices and modifying public health policies.
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CHAPTER 3
REFLECTIONS ON PROJECT MANAGEMENT
Preface: The scope of my thesis project changed during my first year (starting Sept 2020)
due to logistical constraints caused by the pandemic. At the end of summer 2021 I was forced to
put my thesis project on hold, which ended up being completely changed, due to supply chain
issues. As a result, in August I was put on to help three separate projects at the same time. These
projects included the sea scallop study that became a major part of my thesis, the Cryptosporidium
tracking project, and a project on climate change impacts on pathogens in squirrels and whitefooted mice. Some of the information from the original projects, as well as other research which I
facilitated as a project manager-in-training, is presented here as a discussion and reflection.
3.1 Cryptosporidium parvum infection in cow intestine samples
In spring 2021, I attempted a pilot project to infect bovine intestines biopsy culture samples
with C. parvum oocysts, with the goal of determine the rate of infection by location in the intestines
(ileum, cecal junction, and proximal large intestine), as well as by the presence or absence (by
adding broad spectrum antibiotics to culture media) of gut microbial communities that were
collected from the intestines (Appendix A). Our hypothesis was that Cryptosporidium would be
most likely to infect ileum tissues which had been deprived of their microbial communities, based
off the literature presented in Chapter 2.
Due to technical difficulties, shifting priorities because of the pandemic, and the small scale
of the pilot project, we could only collect results which were interesting but difficult to substantiate
with the data we collected. First off, culturing tissue is a lot different than culturing a cell line, and
we had difficulty replacing the media without also getting the tissue stuck in media suction tubes,
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this later created an issue when we tried to do histology on the tissue samples because they were
too damaged, and the tissue morphology was too warped to generate optimal histology slides
(Appendix B).
Another issue we ran into was that there were not many studies infecting tissue samples
and then doing histology on them, so there was a lack of staining procedures and reference slides
for staining Cryptosporidium in gut tissues. Therefore, I had to test out ad hoc combinations of
isolation and staining protocols as we went along. Even though the culturing part of the project
seemed to go well enough, we were able to keep the tissues ‘alive’ (based on pH-based oxidation
of the media) for about two weeks, the identification of Cryptosporidium was definitely the most
frustrating part. There are many stains that can be used to identify Cryptosporidium oocysts, and
most websites or journals list what stain is best for the type of sample you are trying to stain.
Unfortunately, almost all of the options were for water or fecal samples, and there was only one
for tissue samples. Consequently, I had to test many different stains to see which would work best.
The stains that I tested were hematoxylin and eosin (Appendix C), modified acid fast (appendix
D), methylene blue (Appendix E), and giemsa (Appendix F). Giemsa worked the best but was still
variable. Despite purchasing live cysts to use for the infection, no positive control slides were
made from the cysts, which made it even more difficult to identify oocysts on the slides, and
commercially available slides were only available pre-stained with stains that did not work well
for the tissues. Also, many online images did not have proper labeling to know the magnification
of the image or even the stain used. This project emphasized the need for more affordable and
user-friendly detection methods, and for research studying infections in tissues and histology
methods.
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This project was for a senior capstone project, and led to me mentoring my first
undergraduate student, Emily Pierce, who is now in Veterinary School. Because this was my first
time mentoring as a graduate student, I was a bit unsure myself of the protocol and laboratory
skills needed to complete this project. On top of that, this was Emily’s spring semester of senior
year, leaving us little time to complete the project, during the busiest time of year, and also
typically when seniors start to transition to the next stage of their career/education. I was lucky as
Emily was very interested in this project, so for the most part I did not have to motivate her to do
lab work, but when the end of the semester came upon us, I ended up taking on most of the
histology work which was quite tedious and frustrating as there was not much literature to base
my protocols off of. Overall, I learned a lot from this project such as project management,
mentoring and training undergraduates, and protocol development. In the beginning of projects, I
would send students papers that introduced the problem and thought process behind the project so
that they had a general understanding of the importance of our work. I also found YouTube videos
or other educational material related to our laboratory methods, so that when they did the actual
techniques in the lab it was easier to follow along. Lastly, I would go through the protocols with
them verbally first to see if they had any questions beforehand, as once you start certain protocols,
they are time sensitive, this also added another layer of repetition for the students, which leads to
better understanding of the material. One thing that I learned to do better it to ask what the students
have learned each day in the lab and view their learning in the laboratory as part of their curriculum
so that they have a deeper understanding of the project instead of simply learning basic laboratory
skills without context. This project also made me realize how much research is still needed to
maximize detection of Cryptosporidium oocysts.
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3.2 Cryptosporidium tracking at J. Franklin Witter Teaching & Research Center
As the last part of my graduate program, I developed a project for undergraduates to help
with as their capstone projects, and now a new master’s student in the Ishaq lab will be continuing
the project when I leave. The goal of this study is to track Cryptosporidium parvum at the J.
Franklin Witter Teaching and Research Center at the University of Maine. A farm that is mostly
run by students, has multiple sources of groundwater nearby, and frequently has wildlife visitors
should be a hotspot for these protozoa, for reasons previously discussed, even if there are not many
infections. Fecal, water, and soil samples are being obtained (Appendix G ; Appendix H) from
both calf and adult pens on the farm in hopes of determining where oocysts are most likely to be
detected to be able to minimize the risk of transmission and infection. This study will also help
refine methods of detection from three different sample types. In the future, tracking can be done
on other local farms to be able to compare prevalence in different cow age groups as well as
different locations on the farm. The findings from this study can also be used to inform and
implement safety and farm practice policies.
I did the protocol development, student training, and supply ordering for this project. I
mentored and trained three undergraduate students and one master’s student. This project also
emphasizes the need for more cost efficient and user-friendly detection methods as commercially
available kits can be expensive, Crypt-a-Glo™ (Waterborne, Inc.) is $460 and will stain about 75
samples. Consequently, if there is not someone in the lab who has experience microscopically
identifying oocysts, you have to decide if it is worth the money to spend on a stain that even though
you know will work still might not lead to correct identification. Next time I help run a pilot study,
I will make sure that we have all students trained well in advance of when we want to start
collecting samples, and before we buy a majority of the materials. When developing protocols, it
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is also important to maximize accuracy while also keeping in mind the protocols take, as many
undergraduate students do not have several hours in one day to be processing samples, which
means you either need a lot of students on the project, or a more time efficient protocol. Both of
these projects discussed in this chapter thus far has most importantly emphasized the need to have
a well thought out and complete plan before starting any work, even if that means delaying the
project because it will save time in the long run.
3.3 Effects of climate change on pathogens in squirrels and white-footed mice
Climate change is causing a northern range shift for many species, including the Southern
flying squirrel and White-footed mouse. This shift has the potential to cause a change in the type
of pathogens and pathogen load for the native species as the non-native species can introduce new
pathogens to their new environments. Therefore, the goal of this study was to determine what
pathogens were present in the Southern flying squirrel White-footed mouse that live in Maine. The
part of the project that I worked on was the processing of fecal samples from these animals
(Appendix I). I mentored and trained three undergraduates in agar preparation, making agar plates,
culturing bacteria, staining and slide making, and preforming DNA extractions. Although we did
not get as many samples as we had hoped, I was still able to practice many laboratory skills and
also remember what it was like to help passionate students with their research.
A large part of my experience at University of Maine was mentoring undergraduate
students, which I had not anticipated. Overall, I have mentored 8 undergraduate students and
partially 1 master’s student. I have had many discussions with undergraduates at the University of
Maine and it is evident that many undergraduates do not have the opportunity to work with
graduate students, which would benefit them as many advisors do not have as much time to work
one on one with them. I was able to not only teach many of the undergraduate’s new laboratory
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skills pertaining to their project, but because I was working on multiple projects at once, they could
also learn skills outside of their project if they wanted to. During my undergraduate experience I
worked with middle- and high-schoolers doing research and did not expect to continue this type
of work as I did not want to be a teacher or professor. Regardless, the joy that I have gotten from
working with these students who are passionate about science has led to me accepting a job where
I will once again be mentoring young scientists. I will be able to bring with me all of the amazing
opportunities and skills that I have developed at University of Maine, by teaching students while
also conducting research.
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APPENDICES
APPENDIX A. Methods for bovine intestine sampling and culturing
Sampling
Samples of large and small intestines were collected from two cows on March 11, 2021, at
Maple Lane Farms. Due to some complications, the first set of intestines sat in a cooler with hand
warmers for about 45 min- 1 hr. before being brought back to the University of Maine, the second
set were driven back immediately after collection. The ileocecal valve was located, and small
sections of the small intestine were collected, put in a plastic bag with Krebs Ringer solution. The
bag was loosely tied to allow for some air flow. The collection bags were placed in a cooler with
two hand warmers to keep the intestines warm.

Plating
Once in the lab, the samples were cut into small pieces to fit into a 12-well culture plate.
The smaller pieces were washed in Krebs Ringer solution to wash off significant gut matter. The
biopsies were then placed into the culture plates, pre-filled with media. There were four different
types of media used in this experiment. The first is Dulbecco's modified eagle's medium
(DMEM)/Nutrient Mixture F-12 Ham with L-glutamine, 16mM HEPES, and sodium bicarbonate.
The second media was the DMEM supplemented with antibiotics, 0.090 g/L of streptomycin,
0.075 g/L of gentamicin B, and 0.1794 g/L of benzyl penicillin. Rumen fluid collected from a live
cow, filtered with a cheesecloth, and autoclaved was used as a third media, and the last media was
rumen fluid with the antibiotics previously described. The rumen fluid used in the experiment was
a dilution made of a 1:1 ratio of DI water to rumen fluid. Four milliliters of each media were used
per well. There were two trials of each type of media, one normal, and one infected with
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Cryptosporidium parvum oocysts (ex. DMEM and DMEM with C. parvum). Each sampling event
produced 8 plates, with 16 plates all together for the experiment.

Krebs Ringer Solution Protocol
A ringer's solution of 14.49 g/L NaCl, 0,37 g/L KCl, 0.345 g/L sodium phosphate was
made. Stock solutions of 100 mL of 1M calcium chloride and 1M magnesium sulfate were made.
To make 1L of Krebs Ringer solution I combined: 500mL Ringer, 500mL DI water, 2mL CaCl2
solution, and 1mL magnesium sulfate solution.

Passaging media and incubation
Because the DMEM has pH indicator in it, the tissues were passaged when the media turned
yellow/orange, which was every day until the trial ended. The rumen fluid did not have a pH
indicator, so a pH meter was used to measure the pH daily, rumen fluid was passage on day 2 and
day 3, but then not passaged again because the pH was increasing, the rumen fluid trials were not
analyzed. Media was removed with an aspirator and then replaced with a pipette. The media was
warmed to 35°C before being plated. The samples were incubated at 35°C in a 5% CO incubator
2

for 7 days and the trial ended on day 8 (March 18).

Cryptosporidium parvum oocysts
A total of 2x10 oocysts were purchased from the University of Arizona and kept in the
8

refrigerator for five weeks. There were 96 wells with intestinal tissue that required C. parvum
infection. There was 1.5mL of solution in the original oocyst vial, 8.1mL of autoclaved water was
added to make 9.6 mL, the amount needed to seed each well with 100uL. Another 500uL was
added to adjust for bubbles from pipetting.
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APPENDIX B. Protocol for tissue histology and slide preparation
Tissue preparation (fixation, dehydration, clearing, wax infiltration, embedding)
• Store in ethanol directly after trial
• Rinse the intestine with cold PBS
• Fix in 4% Formaldehyde in PBS for 24hrs at 4°C (prepare fresh before use)
• Rinse in cold PBS for 24hrs at 4°C (several changes)
• Dehydration:
o (at 4°C): 50% ethanol - 1h
o 70% ethanol - 2hrs
o 80% ethanol - 2hrs
o 96% ethanol - overnight
o (RT): 100% ethanol I - 20 min
o 100% ethanol II - 20 min
o 100% ethanol III - 1h
o acetone - 15/20 min
• Clearing
o xylene I - 1h
o xylene II - 1hr
• Wax infiltration (at 60°C)
o paraffin I - 1h
o paraffin II - 1
o paraffin III - 1h
• Embedding
o Fold heavy paper into molds
o Use fresh wax to fill mold
o Orient specimen in mold after filled ⅓ of wax has been molded
o Add paper sample id
o Fill rest with wax
o Once wax has started to set the mold is immersed in cold water
•

Use microtome to cut sections thin enough for slide
o This time we used 0.7um but thinner might be better next time
o Put ribbon/tissue section in warm water bath to let the wax relax, put on slide,
then on slide warmer to dry
o Once the sections are on the slide, they can be put in the slide box

Prepping to stain (deparaffinize and hydrate)
• Xylene-4 min
• Xylene-4 min
• Absolute alcohol-5 dips
• 95% ethanol- 5 dips
• 70% ethanol- 5 dips
• DI water- 1 min
Stain with chosen method
After stained (clear and mount)
• Different for some stains (ex. Giemsa)
• General protocol
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o
o
o
o
o

•
•

70% ethanol 30 sec-1 min
95% ethanol 30 sec-1 min
absolute ethanol- 1 min
absolute ethanol- 1 min
Xylene- 2 minutes
Mounted with toluene based shurmount and covered with a 0.1 labeled coverslip
Slides pictures imaged with Zen program
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APPENDIX C. Protocol for hematoxylin and eosin stain for tissue samples
•

Hematoxylin and eosin (Ehrlich) (https://himedialabs.com/TD/S059.pdf)
o After 70% ethanol wash in tap water then rinse in DI water
o Stain in Hematoxylin for 2-5 min. (5 min.)
o Rinse with water
o Place in 0.5% hydrochloric acid (30 sec.)
o Rinse in DI water 1 min
o Dip in dilute sodium bicarbonate water until sections appear blue
o Wash in tap water and place slide in 9% alcohol for 30 sec.
o Place in eosin counterstain for 30 sec. Drain solution
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APPENDIX D. Protocol for modified acid-fast stain for tissue samples
•

Modified acid fast (modified from CDC)
o Stain with methylene blue for one minute
o Rinse with DI water and drain
o De-stain with acid alcohol for 2 min. Rinse with DI water and drain
o Counterstain with malachite green for 2 min. Rinse briefly with DI water and
drain
o Do not do the clearing steps listed in APPENDIX A
o Dry on a slide warmer for about 5 min. and mount
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APPENDIX E. Protocol for methylene blue stain for tissue samples
•

Methylene blue (https://www.protocols.io/view/Methylene-Blue-staining-fd7bi9n)
o Flood with methylene blue for 1-3 min
o Wash under tap water
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APPENDIX F. Protocol for giemsa stain for tissue samples
•

Giemsa (from Animal Tissue Techniques)
o To make giemsa stain
▪ 5 ml stock giemsa solution
▪ 65 ml distilled water
• Stain in giemsa for 2 hours
• Dip quickly in 1% acetic acid
• Blot with Kim wipes and rinse in absolute alcohol until only slightly bluish tint
appears in alcohol running off slides
• Clear and mount
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APPENDIX G. Protocol for sampling at Witter Farm
Frequency of sampling is by sample type and cow age:
• Calves in first 10 days of life: once a day
•

Calf’s days 10 to six months: once a week and ok to grab several samples from a pen
instead of from individual cows, or daily directly swabbed from the cow if having
diarrhea

•

Cows 6 months and older: once a month and ok to grab several samples from a pen
instead of from individual cows, or daily directly swabbed from the cow if having
diarrhea

•

Water in pens: daily for calves 0 - 10 days old, otherwise once a week

•

Soil in pens: daily for calves 0 - 10 days old, otherwise once a month

Fecal Samples
Collection:
•
•

You may not collect feces unless you have completed the IACUC training and have been
included on our approved application.
Collect at least 5mL of feces into a 15ml or 50mL centrifuge tube with 90% ethanol to
cover the sample, labeled with date, cow name/ID, and the pen that cow is in. Label as
sample type (F = feces, S = soil, W = water).

Storage between collection and processing:
•

•

Store in Rogers 110 fridge (4C) until ready for processing.
o Can be stored up to 1 week but number of parasite cysts will decay over time. Try
to process them within 48 hours if possible.
Add information to the sample tracking sheet

Microscopy to look for cysts or other parasite eggs:
For making fecal smear
• (CDC - DPDx - Diagnostic Procedures - Stool Specimens)
• Place a small amount (about the size of your pinky finger nail) of stool on the slide and
smear it so that it creates a thin area (thin enough for light to shine through, if too thick
you will not be able to see anything in the microscope) to look at. This are does not have
to be very large
o If the sample is too solid, add a few drops of ultra-pure water and mix/spread out
the sample so that it is not a clump and can be seen under a microscope.
• Add a drop of ultra-pure water on top of the smear to act as mounting medium, and place
coverslip on the slide.
• View under microscope
• Record all findings here on sample tracking sheet
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Soil Samples
Collection:
•

Collect the top 1 inch of soil or bedding into a collection container (50mL tube) fill with
90% ethanol, labeled with date, location/which pen, and location within pen if relevant
(e.g. next to water trough). Label as sample type (F = feces, S = soil, W = water).

Storage between collection and processing:
•
•

Store in Rogers 110 fridge (4C) until ready for processing
o can be stored up to 1 week but number of parasite cysts will decay over time.
Add information to the sample tracking sheet

Microscopy to look for cysts or other parasite eggs:
Protocol is modified from Hong et al. 2014: Detection of Cryptosporidium parvum in
Environmental Soil and Vegetables
• Filter soil through cheesecloth by putting cheesecloth over a 50mL centrifuge tube or
200mL beaker (make sure it is clean), putting the soil in the cheesecloth and squeezing it,
run DI water through cheesecloth if solution is too thick/you don’t think you would be
able to see through it on a microscope
• Use the supernatant to make a slide for staining. Use a plastic pipette dropper to place
one or two drops of solution onto slide
o Allow slide to dry (if no water was added and it is just the ethanol from the soil
samples, it will dry quickly, if not, placing them under the biosafety hood in 111
with the fan on will make them dry faster (only if you are trained to use the
biosafety hood))
• Alternate method still being developed
o Put soil in drawstring teabag
o Put tea bag into 50mL centrifuge tube, fill with saturated NaCl solution all the
way to make it convex, place slide on top of tube and wait 30 min
o Place coverslip on microscope and view under microscope
• Stain according to Modified Ziehl-Nelson procedure found later in the document
• Record all findings on the sample tracking sheet

Water Samples
Collection
•

Collect water from animal pen troughs or standing water in puddles in the pen, in a 50mL
centrifuge tube. Label with date collected, and which pen collected from. Label as sample
type (F = feces, S = soil, W = water).

Storage between collection and processing:
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•
•

Store in Rogers 110 fridge (4C) until ready for processing
o can be stored up to 1 week but number of parasite cysts will decay over time.
Add information to the sample tracking sheet

Microscopy to look for cysts or other parasite eggs:
Protocol from: Assessment of Giardia and Cryptosporidium Assemblages/Species and Their
Viability in Potable Tap Water in Beni-Suef, Egypt Using Nested PCR/RFLP and Staining PMC
• Place a folded Whatman’s filter (so that it looks like a funnel) on top of a new 50mL
centrifuge tube
• Once filtered use a plastic dropper pipette to place one or two drops onto a slide
• Stain samples using Modified Ziehl-Nelson protocol below
• Allow slides to dry
• Record all findings on sample tracking sheet
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APPENDIX H. Protocol for Modified Ziehl-Nelson stain for Witter Farm samples
Modified Ziehl-Nelson
(https://www.ncbi.nlm.nih.gov/pmc/articles/PMC499488/pdf/jclinpath00195-0017.pdf)
• Thick fecal smears dried in air, soil samples, or water samples
• Make sure to remember what is on each slide, if you need to, label a piece of tape and put
it at the top of the slide.
• Methanol fixation- 3 min (this step has to be done with the sides facing upwards on
something (like a beaker) instead of dipping them in the jars because it makes the
samples wash off.
• Strong carbol fuchsin-15 min
• Thorough rinse with DI water
• Minimal decolorization in 1 % HCl acid-alcohol - 10-15 seconds
o Be careful with this step, it is the most sensitive. Dip the slide in and out of the jar
until the color starts to fade, you do not want it gone all the way, you want a light
pink)
• Rinse with DI water
• Counterstain in 0-4% malachite green for 30 sec
• Rinse and dry
• Use a permanent marker to label the slide. If saving the slide, put a drop of Cytoseal XYZ
underneath the coverslip to preserve the slide.
• Store slides in slide box
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APPENDIX I. Protocol for squirrel and mouse sample collection and processing
Day One
1. If there isn’t time to work with feces, put all samples in the fridge
2. Put any tissue samples received in freezer at -20°C, make sure that are stored in 70%
ethanol
3. Put all blood samples in the fridge at 4°C
4. Save 1 or 2 feces from each sample received in a microcentrifuge tube and place in the 20°C freezer
5. Separate 3 feces per tube into 1.5 mL microcentrifuge tubes and add 1.0 mL of distilled
water to each base tube, label each tube 10 . Vortex all tubes to break up the feces and
mix.
6. Take 0.1 mL of liquid from each tube and place it in a new tube that has 0.9 mL of
distilled water in it, vortex, do this twice for each starting tube, label the corresponding
tube 10 and 10
7. Inoculate 3 EMB, MacConkey, Blood Agar, and Brilliant Green plates for each 10
dilution sample, store at 37°C for 24-48 hours (you should end up with 3 of each plate
per sample). Place the plates in a labeled tupperware container to keep them organized.
8. Store all leftover feces in formalin in microcentrifuge tubes for fecal flotation use (if
there is time those can be done today). They should be stored at a 3:1 ratio favoring the
formalin, these can be stored in the incubator at 37°C
0

-1

-2

-2

Day Two

1. Check on the plates, note which have growth, what the growth looks like, and what it
could mean, a description of what differing results looks like is on Culture Media. Take
pictures using the microscope and save to google drive folder
2. If any of the plates have a lot of growth that is difficult to observe, prick individual
colonies and plate on the corresponding plates
3. Take out the feces stored in formalin overnight
4. Procedure looking for Cryptosporidium or Toxoplasma or Strongyloides
i.Add enough feces to saturated NaCl solution to make a 10 ml/g solution
ii.Crush the solution with a mortar to fully mix and then vortex
iii.Filter the solution to eliminate any sediment and then pour into a tube that will fit this
and mix for one minute
iv.Pour the feces-NaCl solution into a 15 ml tube (smaller if needed), and fill to the top
with NaCl solution
v.Place a microscope slide cover on top and wait 30 minutes before removing slide
cover and placing on slide
b. View under x40 magnification to view eggs, take pictures of any possible eggs or
parasites and save according to labeling protocol on laptop
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Day Three

1. Check on plates, note which have growth, what the growth looks like, and what it could
mean, a description of what differing results looks like is on Culture Media. Take pictures
and save to google drive folder
2. Perform remaining fecal flotations if necessary
3. On plates with growth collect a sample and place on a microscope slide with DI water
and gram stain
Gram Staining protocol
1. Preparing a slide for staining (this should be done in the BSL2 hood in room 111)
1. Label the microscope slide accordingly
2. Place a drop of water on the slide
3. Prick a colony of interest on a media plate and then smear it on a
microscope slide using an inoculation loop
4. Wait for the slide to dry under the hood
2.
Staining the Bacteria (this can be done in room 110, be sure to have a container to stain in
so that the counter isn’t stained)
1. Flood air-dried, heat-fixed smear of cells for 1 minute with crystal violet
2. Wash slide with tap water, using a pipette for 2 seconds
3. Flood slide with Gram’s iodine. Wait 1 minute.
4. Wash slide with tap water, using a pipette for 2 seconds
5. Flood slide with decolorizing agent (Ethanol). Wait 10-15 seconds or add
drop by drop to slide until the decolorizing agent running from the slide
runs clear.
6. Flood slide with safranin. Wait 30 seconds to 1 minute.
7. Wash slide in a gentle and indirect stream of tap water until no color
appears in the effluent and then blot dry with absorbent paper (KimWipes)
8. Observe the results of the staining procedure under oil immersion (100x)
using a Bright field microscope.

87

BIOGRAPHY OF THE AUTHOR
Sarah Hosler was born in Denville, NJ on August 20, 1998. She was raised in Green
Township, NJ and graduated from Newton High School in 2016. She attended Albright College,
where she did computational research characterizing proteins by their active site, and graduated
in 2020 with a Bachelor of Science degree in Biology. She moved to Maine and entered the
Animal Science graduate program in the fall of 2020. Sarah has two older sisters, loves chocolate
and animals, and has two cats, Thor and Loki. After receiving her degree, she will be returning to
PA, to join the Science Research Institute at Albright College, to continue her scientific career by
teaching and mentoring high school and middle school students and helping with their research.
Sarah is a candidate for the Master of Science degree in Animal Science from the University of
Maine in August 2022.

88

